INTRODUCTION
Cellular genomes are constantly exposed to various sources of DNA damage (Ciccia and Elledge, 2010; Hanawalt, 2015; Hoeijmakers, 2009; Jackson and Bartek, 2009) , threatening not only genome stability, but also the integrity of chromatin organization (Adam et al., 2015; Lukas et al., 2011; . The basic unit of chromatin is the nucleosome core particle, in which DNA is wrapped around a histone protein octamer comprising an (H3-H4) 2 tetramer flanked by two H2A-H2B dimers (Kornberg, 1974; Oudet et al., 1975; Luger et al., 1997) . Variations at the level of this repetitive unit, through histone variants and post-translational modifications (Bannister and Kouzarides, 2011; Maze et al., 2014; Talbert and Henikoff, 2010) , as well as further chromatin compaction, constitute a major source of information that regulates gene expression and cell identity (Filipescu et al., 2014; Probst et al., 2009 ). How chromatin is reorganized in response to DNA damage and to which extent the information that it carries can be preserved is thus of fundamental importance.
Our current view of chromatin dynamics following DNA damage in human cells is based on the Access-Repair-Restore (ARR) model (Polo and Almouzni, 2015; Smerdon, 1991) . This model postulates that chromatin is first disorganized in response to DNA damage, which facilitates access to repair factors, followed by restoration of chromatin structure. Yet, it is still unclear whether, when, and by which mechanisms the pre-damage chromatin state is restored (Dabin et al., 2016) . Notably, chromatin restoration after damage involves the deposition of newly synthesized histones (Adam et al., 2013; Dinant et al., 2013; Luijsterburg et al., 2016; Polo et al., 2006) , which could potentially replace damaged histones and leave a mark of the damage experience. Thus, assuming that nucleosome density remains at a steady state, a subset of parental histones should be evicted from chromatin during the Access step, which would limit the capacity to recover the original epigenetic information at damaged sites ( Figure 1A ). Consistent with this idea, recent reports provide evidence for nucleosome destabilization and histone eviction during DNA double-strand break repair (Goldstein et al., 2013; Li and Tyler, 2016; Xu et al., 2010) and in response to UVC irradiation (Lan et al., 2012; Wang et al., 2006; Zavala et al., 2014) . UVC damage sites also show reduced histone density, promoted by the UV damage sensor DDB2 (DNA damage-binding protein 2) . However, a massive loss of parental histones from damaged chromatin would certainly threaten epigenome maintenance.
To fully understand how chromatin integrity is preserved or altered in response to genotoxic stress, it is critical (1) to examine the fate of parental histones present in chromatin before damage and which carry the original epigenetic information and (2) to track them long enough after damage to examine their contribution to repaired chromatin together with newly deposited histones. We developed two complementary approaches for specific tracking of parental histones following UVC damage in human cells. Challenging our current view of damaged chromatin rearrangements, we show that rather than being massively evicted and lost from damaged chromatin, parental histones redistribute in a conservative manner and subsequently recover. Our mechanistic studies demonstrate that both the redistribution Adam et al., 2015) . The incorporation of new histones (green) raises questions about the fate of parental histones (red). Right: experimental strategy for tracking parental histone dynamics at DNA damage sites. (B) Distribution of parental histones H3.3 (red) at the indicated time points after UVC laser damage in U2OS cells stably expressing H3.3-SNAP and GFP-XPC. (C) Dynamics of parental H3.3 (red) at early time points after local UVC damage in U2OS H3.3-SNAP cells. White arrowheads, illuminated areas. Scale bars, 10 mm. Red fluorescence measured in irradiated areas is normalized to before laser. Error bars, SD from n cells scored in two independent experiments. Labeling parental histones in green instead of red gave similar results (data not shown). See also Figures S1 and S2 and Movie S1. and recovery of parental histones are tightly coordinated with repair progression through the UVC damage sensor DDB2. We thus propose a conservative model by which parental histone dynamics coupled to DNA damage repair contribute to the maintenance of epigenome integrity during the response to UVC damage.
RESULTS

Rapid Reduction of Parental Histone Density in UVC-Damaged Chromatin Regions
We developed two complementary approaches combining UVC laser micro-irradiation with specific tracking of parental histones in living cells. We first took advantage of the SNAP-tag technology, which we exploited previously to follow new histone deposition at UVC damage sites (Adam et al., 2013) , to fluorescently label old histones 48 hr prior to irradiation ( Figure 1A ). We used U2OS cells that stably express H3.3-SNAP histones ) and a GFP-tagged version of the repair factor XPC (xeroderma pigmentosum C) for visualizing damage sites in live cells ( Figure S1A ). Real-time imaging of parental H3.3 dynamics after local UVC irradiation revealed a rapid reduction of the red fluorescence associated with parental H3.3, which was restricted to the damaged chromatin area marked by GFP-XPC and detectable at least for 1 hr after irradiation ( Figure 1B ). We observed a similar decrease of parental H3.3 signal in cells that do not express GFP-XPC ( Figure 1C ; Movie S1), thus showing that exogenous expression of the repair factor XPC does not alter the histone response to UVC. UVC damage led to a progressive reduction of the red fluorescence associated with parental histones, with a maximum of 40% loss 10 min after DNA damage infliction ( Figure 1C ). We verified that the region of low histone density observed after damage did not correspond to a nucleolus ( Figure S1B ). We also ruled out the possibility that the decrease in parental H3.3 signal could result from photo-bleaching of the red fluorescence by the UVC laser, as irradiating paraformaldehyde-fixed cells with UVC did not reduce the red signal intensity ( Figure 1C) . Thus, the observed decrease in old H3.3 signal in UVC-irradiated chromatin regions actually reflects enhanced dynamics of parental H3.3 histones in response to genotoxic stress.
Considering that SNAP-tag-based labeling may interfere with parental H3 dynamics, we also developed a complementary method to track parental histones based on photo-activation of PA-GFP (photoactivatable GFP) in U2OS cells engineered to stably express H3.3-PA-GFP and RFP-XPC (Figures S1A and S1C). Consistent with our previous findings, we observed a marked reduction of parental H3.3 signal in UVC-damaged chromatin regions within minutes after laser micro-irradiation in live cells and not in paraformaldehyde-fixed cells (Figures S1D and S1E). Thus, using two distinct methods to monitor old histone dynamics, our data reveal a local loss of parental H3.3 histone signal in damaged chromatin regions. Furthermore, we observed an altered distribution of parental histones upon UVC damage in all irradiated cells throughout interphase ( Figure S2A ), and this was not restricted to the H3.3 variant since parental H3.1 signal was also reduced at UVC damage sites (Figures S2A and S2B) . We recapitulated these results in MCF7 cancer cells and in BJ primary fibroblasts and observed similar dynamics for parental histone H4 (Figures S2C-S2F) .
Collectively, these results reveal a rapid reduction of parental H3 and H4 histone density in UVC-damaged chromatin.
Conservative Redistribution of Parental Histones to the Periphery of UVC-Damaged Regions
We next sought to determine whether the local reduction in parental H3 staining upon UVC irradiation actually reflects parental histone loss from damaged chromatin. For this, we measured changes in old H3.3 fluorescence within the entire cell nucleus after local UVC damage. To maximize sensitivity in this assay, we reduced the size of the area of interest by photo-bleaching H3.3-SNAP-associated fluorescence in the whole nucleus apart from a small patch ( Figure 2A ). Next, photo-bleaching 40% of the fluorescence inside this patch led to a 20% fluorescence reduction in the entire nucleus ( Figure 2B ). In contrast, targeting UVC irradiation to the fluorescent patch, while leading to a comparable 40% loss of signal in the irradiated area, did not result in a detectable loss of fluorescence from the entire nucleus ( Figure 2B ). From these results, we conclude that parental H3 histones mobilized early after genotoxic stress remain in the damaged nucleus and do not undergo massive degradation, as also supported by biochemical analyses of parental H3.3 levels after UVC damage ( Figure S2G ).
We then refined our analysis by measuring the spatial distribution of parental H3.3 histones around the damaged area (Figure 2C) . Notably, we observed that the reduction of parental histone signal in the damaged region was counterbalanced by an increase of signal in the surrounding area ( Figures 2D and  2E ). Importantly, this conservative redistribution of parental histones did not occur upon local photo-bleaching of parental H3.3 fluorescence ( Figures 2C and 2D) , and we obtained similar results by photo-activation-based tracking of parental histones ( Figures S3A-S3D) . Furthermore, the area showing reduced histone density gradually increased over time post-irradiation ( Figure 3A) , which reveals that parental histone dynamics proceed radially outward. Such redistribution of parental histones argues against their eviction from damaged chromatin, because, if solubilized in the nucleoplasm, they would not be retained in a defined space in the periphery of the irradiated region. Supporting the fact that mobilized histones remain chromatin associated, detergent extraction of live cells after UVC irradiation did not alter the redistribution pattern of parental histones ( Figure S3E ). Altogether, these data demonstrate that parental H3 histones redistribute to the periphery of damaged chromatin. Such redistribution can involve parental nucleosomes sliding away from DNA lesions and/or an expansion of chromatin in the irradiated region, pushing away surrounding undamaged chromatin fibers.
To test these hypotheses and gain further insights into the mechanisms underlying parental histone dynamics in UVCdamaged regions, we monitored, in parallel, histone and DNA densities. Thus, we found that parental H3.3 redistribution was accompanied by a decrease in DNA density within UVCdamaged regions ( Figures 3B and S3F) , indicative of chromatin opening. The area of UVC-damaged DNA increased by a factor of 1.26 within 15 min post-damage ( Figure 3C ), consistent with the 20% DNA density loss measured in the same experimental conditions ( Figure 3B ). This strongly supports the idea that the reduced DNA density in the damaged region results from chromatin opening. Interestingly, while histone and DNA signal loss both increased with the exposure time to UVC laser, histone signal loss exceeded DNA signal loss in all conditions examined ( Figure 3D ). This observation cannot be accounted for by chromatin opening only, which would lead to an equal reduction in histone and DNA densities in the damaged area. Since we already ruled out the possibility of histone dissociation from chromatin and extensive histone degradation (Figures 2 and  S3 ), a possible explanation is that the extra loss in histone density reflects histone mobilization on chromatin away from damage sites ( Figure 3E ). The biphasic shape of the curves for histone and DNA signal loss as a function of UVC damage ( Figure 3D ) also points to a possible dual mechanism driving parental histone redistribution, each plateau corresponding to the saturation of a distinct process ( Figure 3F ). Our findings suggest that chromatin opening along with histone mobilization on damaged chromatin drive parental histone redistribution to the periphery of UVC-damaged regions.
The UVC Damage Sensor DDB2 Is Critical for Parental Histone Redistribution To search for molecular determinants of parental H3 redistribution upon UVC damage, we examined the connection with UVC damage repair by knocking down factors involved at different steps in the NER (nucleotide excision repair) pathway (Figure 4A and S4A; reviewed in Alekseev and Coin, 2015; Marteijn et al., 2014) . Decreasing the expression of the late repair factor XPG (xeroderma pigmentosum G), required for excision of the damaged oligonucleotide before repair synthesis, only moderately reduced parental H3.3 redistribution upon UVC irradiation ( Figure S4B ). Similarly, knocking down the early repair factor ERCC6 (excision repair cross-complementing 6) involved in damage recognition within transcribed genes did not markedly impair parental H3.3 dynamics ( Figure S4B ). Consistent with this, cells treated with a transcription inhibitor prior to UVC irradiation did not show major defects in old H3.3 redistribution (data not shown). These results indicate a relatively minor contribution of transcription-coupled repair and late repair steps to the reduced parental H3 histone density at damaged sites.
In contrast, when knocking down the UVC damage sensor DDB2 involved in global genome repair, we observed a striking impairment in parental H3.3, H3.1, and H4 density loss at UVC damage sites ( Figures 4A and S4C-S4E ). We did not observe comparable defects in parental H3.3 dynamics upon downregulation of XPC, another early repair factor involved in global genome repair ( Figure S3F ), or upon knockdown of the DDB2 partners DDB1 and CUL4A (Cullin 4A) ( Figure 4A ), which are part of an E3-ubiquitin ligase complex that modifies various substrates at sites of UVC damage (Nouspikel, 2011) . Consistent with a minor contribution of DDB1 and CUL4A to parental H3.3 density loss, we found that preventing de novo ubiquitylation reactions by treating cells with a proteasome inhibitor or with a neddylation inhibitor did not markedly alter the redistribution of old H3.3 in damaged chromatin (Figures S4F and S4G) . These data indicate that the ubiquitylation activity of the DDB1-DDB2-CUL4A-containing complex does not play a major role in parental histone dynamics following UVC damage. Parental histone redistribution to the periphery of damaged chromatin regions is thus coupled to the earliest steps of global genome NER with a prominent role for DDB2.
To further characterize the contribution of DDB2 to parental histone redistribution upon UVC damage, we tested the effect of DDB2 overexpression. Expressing exogenous DDB2 significantly increased the area of parental histone signal loss after local UVC irradiation: this area was 50% larger in cells overexpressing DDB2 than in cells overexpressing another early NER factor, XPC ( Figure 4B ). These results thus indicate that DDB2 levels are limiting for parental histone redistribution in UVCirradiated chromatin regions. Furthermore, artificial tethering of DDB2 to a LacO (lactose operator) array in the absence of DNA damage led to a marked reduction of parental H3.3 histone density at the LacO array ( Figure 4C ). DDB2 tethering also triggered an expansion of the LacO array, as previously reported . These results reveal that DDB2 binding to chromatin is sufficient for parental histone redistribution even in the absence of DNA damage.
To gain mechanistic insights into DDB2 effect on parental histone dynamics, we tested the potential contribution of chromatin remodelers with reported connections to the DDB2 complex, namely ALC1 (amplified in liver cancer 1) and INO80 (inositolrequiring 80) (Jiang et al., 2010; Pines et al., 2012) . Knocking down these remodelers did not recapitulate the effect of DDB2 downregulation (Figures S5A and S5B) . Similarly, interfering with poly(ADP-ribosyl)ation, which has been associated with DDB2 and UV-damaged chromatin decompaction Pines et al., 2012) , did not impact parental histone redistribution at UVC damage sites ( Figures S5C and S5D ). However, our analyses of DNA and histone signal loss at UVC sites upon DDB2 knockdown ( Figure S5E ) indicate a major contribution of DDB2 to chromatin opening only, consistent with previous observations , suggesting that additional factors come into play to promote histone mobilization on chromatin.
Collectively, our data put forward the early repair factor DDB2 as a master regulator of parental histone redistribution by chromatin opening at UVC sites.
Parental H3.3 Redistribution Is Independent of New H3.3 Deposition
As we previously demonstrated that DDB2 controls the recruitment of the histone chaperone HIRA (histone regulator A), which promotes the deposition of newly synthesized histones H3.3 at UVC damage sites (Adam et al., 2013) , we investigated the potential coupling between parental and new H3.3 dynamics in response to UVC irradiation. For this, we labeled parental and new histones in different colors within the same sample and compared the kinetics of parental histone density loss and new histone deposition upon local UVC damage ( Figure 5A ; Movies S2 and S3). While parental H3.3 histones are redistributed within minutes after damage induction, new histone H3.3 accumulation at damage sites becomes detectable only 30 min after local UVC irradiation ( Figure 5A ). We obtained similar results when we swapped the SNAP reagents, labeling old H3.3 in green and new H3.3 in red (data not shown). Thus, our assay reveals that parental histone density loss precedes new histone deposition at UVC damage sites.
Given that the histone chaperone HIRA promotes the deposition of newly synthesized H3.3 at UVC damage sites (Adam et al., 2013) , we tested whether the same chaperone was responsible for parental H3.3 dynamics in UVC-damaged regions. Interestingly, HIRA downregulation did not impair old H3.3 signal loss at UVC sites ( Figure 5B) , showing that this histone chaperone does not participate in any significant manner in parental H3.3 dynamics after UVC damage. These findings indicate that parental H3.3 redistribution likely occurs independently of new H3.3 deposition. Consistent with this, preventing the synthesis of new H3.3 by siRNA (small interfering RNA) ( Figure 5C , green) did not interfere with parental H3.3 displacement from UVCdamaged regions (Figure 5C , red; note that this treatment did not affect parental H3.3 levels).
Altogether, these data demonstrate that parental histone H3.3 redistribution in UVC-damaged regions is functionally independent of new H3.3 deposition.
Recovery of Parental Histones Coupled to Repair Progression through DDB2 Release
Since parental histones are still detected in the periphery of UVC-damaged regions early after DNA damage, we investigated whether and to which extent they contribute to chromatin restoration after damage. For this purpose, we examined both parental and new H3.3 dynamics in parallel with repair progression in U2OS cells stably expressing H3.3-SNAP and CFP-XPC ( Figure S6A ). This analysis revealed that parental histones recovered in chromatin undergoing UVC damage repair, reaching almost complete recovery (90% of the initial signal) 9 hr after UVC irradiation, which mirrors the slow kinetics of UVC damage repair ( Figure 6A) . A similar extent of parental histone recovery at UVC damage sites was measured in U2OS cells stably expressing H3.3-PA-GFP ( Figure S6B ) and in MFC7 cells transiently expressing H3.3-SNAP ( Figure S6C ). Noteworthy, parental histone recovery was delayed compared to new histone incorporation ( Figure 6A ), suggesting that they involve distinct mechanisms. To gain insight into how parental histones recover, we compared their dynamics to basal histone mobility assessed by FRAP (fluorescence recovery after photobleaching). While parental histone recovery in UVC-damaged regions reached 80% within 12 hr after irradiation, it did not exceed 20% in an undamaged chromatin region of the same nucleus within the same time frame (Figure S6D ), consistent with a previous report (Kimura and Cook, 2001 ). This demonstrates that parental H3.3 recovery in chromatin undergoing repair does not result from basal histone turnover but actually reflects the relocation of parental histones that were mobilized away from UVC-damaged regions. Notably, when measuring the area of parental histone density loss over time after UVC damage, we observed that parental histone recovery proceeded radially inward ( Figure 6B ), suggesting that displaced histones were moving back by an opposing mechanism to their initial redistribution. The area of new histone accumulation by contrast did not shrink ( Figure S6E ), arguing that chromatin restoration does not proceed solely via re-compaction. As a result, recovered parental histones mix with newly synthesized histones in repairing chromatin ( Figure S6F ).
We next sought to determine whether parental H3.3 recovery in damaged chromatin was coupled to repair progression. For this, we depleted the late repair factor XPG, which interferes with repair progression with no major effect on the early redistribution of parental histones in damaged chromatin ( Figure S3B ). Parental H3.3 recovery, however, was markedly impaired in XPG-depleted cells ( Figure 6C ; Movies S4 and S5) down to a rate similar to basal histone turnover ( Figures S6D and S6G) . These results indicate that parental histone recovery in damaged chromatin is dependent on repair progression. Given that XPG depletion also significantly delayed DDB2 release from chromatin, we assessed more directly the role of DDB2 in parental histone recovery. For this, we triggered LacR-DDB2 release from the LacO array by IPTG addition ( Figure 6D ). This resulted in rapid recovery of old H3.3 at the LacO array, which highlights the key role of DDB2 in controlling parental histone dynamics in UVC-damaged chromatin.
Collectively, our results underline the major contribution of parental histones to chromatin restoration coupled to repair and establish that parental histone recovery is coordinated with repair progression through DDB2 release from damaged chromatin.
DISCUSSION
By exploiting real-time tracking of parental H3 and H4 histones after local UVC damage in human cells, we provide novel insights into epigenome maintenance in response to DNA damage. Our study indeed identifies a conservative process, tightly coordinated with repair progression, whereby parental histones rapidly redistribute away from UVC-damaged chromatin regions and subsequently recover (Figure 7) . We propose that parental histones are kept in the periphery of the damaged areas to help restore chromatin organization after DNA repair, which may contribute to preserving a memory of chromatin identity in response to DNA damage.
Parental Histone Redistribution Away from Damaged Chromatin Regions
Chromatin rearrangements coupled to the early stages of the DDR, although considered to be critical for efficient DNA repair, still remained poorly characterized. Here, we provide evidence for a redistribution of parental histones to the periphery of UVC-damaged chromatin regions, which prompt us to reevaluate our views on the Access-Repair-Restore model. Even though histone solubilization has been reported in response to genotoxic stress (Goldstein et al., 2013; Wang et al., 2006; Xu et al., 2010) , our data support a model where parental H3 histones do not massively dissociate from chromatin but are redistributed away from UVC-damaged sites, possibly via nucleosome sliding and chromatin opening. This is consistent with a recent study suggesting that H2B histones are not solubilized following UV irradiation in human cells (Morisaki and McNally, 2014) .
The extent of chromatin rearrangements in response to local DNA damage is a matter of debate. While one study indicates that chromatin destabilization affects the whole nucleus upon local UVC irradiation (Rubbi and Milner, 2003) , several lines of evidence rather support the idea that chromatin is locally disorganized upon genotoxic stress (Dinant et al., 2013; Goldstein et al., 2013; Hinde et al., 2014; Kruhlak et al., 2006; . Here, we reconcile these data (siLUC: control). siRNA efficiencies were verified by western blot. The red fluorescence loss measured in damaged areas is normalized to before laser (n cells scored in two independent experiments). by demonstrating that a local loss of parental histone density in UVC-damaged areas has a long-range impact on chromatin, potentially affecting the whole nucleus, because parental histone redistribution actually spreads over long distances away from the damaged regions ( Figure 2E ).
Whether and how histone redistribution facilitates access to damaged DNA and repair progression are not entirely clear. The recruitment of the damage sensor DDB2 to UVC lesions precedes and orchestrates parental histone dynamics. Mobilizing parental histones may be necessary for recruiting downstream NER factors to damaged chromatin. It is tempting to speculate that this may also contribute to protect parental histones from modifications by histone-modifying enzymes recruited to regions of ongoing repair, thereby promoting the maintenance of the original epigenetic information.
Mechanistically, both histone mobilization on chromatin and chromatin opening potentially contribute to chromatin disorganization in response to UVC damage. Whether they use similar regulatory factors as those promoting chromatin mobility in response to DNA breaks (Dion and Gasser, 2013 ) is an attractive possibility. In terms of molecular players, we identify the damage sensor DDB2 as a master regulator of parental histone dynamics at sites of UVC lesions, mostly via its ability to promote chromatin opening. Interestingly, while the ubiquitylation activity of DDB2-containing complex is required for new histone deposition in UVC-damaged chromatin (Adam et al., 2013) , it is largely dispensable for parental histone dynamics. Consistent with our findings, ubiquitylation-deficient mutants of DDB2 induce chromatin expansion like wild-type DDB2 when artificially tethered to chromatin . Thus, DDB2-mediated chromatin expansion is largely independent of the other members of the UVC damage recognition complex. Whether DDB2 acts alone or in association with other factors to fulfill this activity will be important to investigate in future studies. Remarkably, DDB2 has very strong affinity for UVC-damaged DNA (Kulaksiz et al., 2005; Wittschieben et al., 2005) , and DDB2 binds damaged DNA on nucleosomes (Osakabe et al., 2015) . We can speculate that DDB2 binding to damaged chromatin may on its own push away surrounding nucleofilaments leading to chromatin opening. Given that DDB2 does not display ATPase/helicase or histone-binding domains, we rather favor a model where it works in concert with other factors directly involved in UVC damage leads to the redistribution of parental histones to the periphery of damaged chromatin regions. This occurs via a decompaction of damaged chromatin, which pushes away the surrounding undamaged chromatin fibers, along with a mobilization of parental histones on chromatin away from damage sites, making room for new histone incorporation. Restoration of the overall chromatin organization proceeds by chromatin re-compaction and sliding back the nucleosomes bearing parental histones. The whole process is tightly coordinated with DNA repair progression through binding and release of the damage sensor DDB2.
chromatin dynamics-such as histone chaperones and/or chromatin remodeling complexes that remain to be identified-to promote chromatin disorganization in damaged regions.
Epigenome Maintenance after DNA Damage Our study identifies a pathway that may contribute to preserving the integrity of chromatin architecture in response to DNA damage. We unraveled that damaged chromatin reorganization is a two-step process with new histone incorporation preceding parental histone recovery. The biphasic nature of chromatin restoration is consistent with an early model based on the accessibility to nucleases of chromatin undergoing NER (reviewed in Smerdon, 1991).
While we cannot formally exclude that a limited amount of parental histones are ultimately degraded after UVC damage as reported for hyperacetylated histones in response to ionizing radiation (Qian et al., 2013) , the conservative nature of parental histone redistribution around UVC damage sites and the almost complete recovery of parental histones during repair progression argue against massive histone degradation. Furthermore, the retention of parental histones proximal to the site of damage offers a possible redirection to the original site to promote a conservative restoration of chromatin architecture. It will be important to develop higher-resolution approaches to determine whether parental histones retrieve their original positions on the DNA sequence upon recovery and whether the topological organization of parental chromatin is fully re-established.
The major contribution of parental histones to the composition of repaired chromatin is crucial to envision mechanisms for epigenome maintenance after DNA damage. Indeed, it opens up the possibility that parental marks can be preserved and transferred to the new histones, which initially carry their own set of post-translational modifications (PTMs) (Loyola et al., 2006) . In this respect, a parallel can be drawn between the restoration of chromatin after DNA damage and DNA replication (Alabert and Groth, 2012; Groth et al., 2007; MacAlpine and Almouzni, 2013) .
At the replication fork, the maintenance of chromatin identity is achieved by old histone recycling with their PTMs and by subsequent modifications of new histones to mirror the parental ones (Alabert et al., 2015) . Whether similar mechanisms operate in damaged chromatin is an attractive possibility. Noteworthy, while cells have to cope with 50% histone renewal during replication, most parental histones recover in damaged chromatin regions, which could facilitate the re-establishment of the original chromatin landscape. It is tempting to speculate that the presence of parental and new histones in neighboring nucleosomes may allow old PTM transmission to newly deposited histones after repair.
Finally, our data open up new avenues for understanding the etiology of several human diseases, including H3 mutantassociated cancers (reviewed in Kallappagoudar et al., 2015; Yuen and Knoepfler, 2013) and NER disorders (reviewed in DiGiovanna and Kraemer, 2012; Marteijn et al., 2014) . Considering that DDB2 dynamics strongly impact the fate of parental histones in response to UVC damage, the phenotype of XPE patients harboring DDB2 mutations that prevent its binding to damaged DNA may not only reflect a DNA repair defect but also altered chromatin plasticity in response to genotoxic stress. Similarly, H3 mutations could contribute to the development of human cancers by affecting the resetting of the epigenome following DNA damage.
In conclusion, our work sheds new light to our current view of DNA damage-induced chromatin rearrangements and suggests that parental histone dynamics are critical to the maintenance of epigenome integrity in response to genotoxic stress. Our findings also pave the way for the identification of new factors that contribute to restoring damaged chromatin identity and for understanding how this protects cells against pathological conditions.
EXPERIMENTAL PROCEDURES Cell Culture and Drug Treatments
All cell lines and drug treatments are described in the Supplemental Experimental Procedures.
SNAP Labeling and Photo-activation of Histones SNAP labeling of histone proteins was done as described (Bodor et al., 2012) . Photo-activation experiments were performed in U2OS cells stably expressing H3.3-PA-GFP on a Zeiss LSM710 confocal microscope using the 30 mW 405 nm laser focused through an LD LCI Plan-Apochromat 253/0.8 oil objective. See Supplemental Experimental Procedures for details.
UVC Laser Micro-irradiation and FRAP
UVC laser micro-irradiation was done as described (Adam et al., 2013; Dinant et al., 2007) . Details for the FRAP procedure and for image acquisition and analysis are in Supplemental Experimental Procedures.
siRNA and Plasmid Transfections siRNAs (Supplemental Experimental Procedures) were transfected into cells using Lipofectamine RNAiMAX (Invitrogen). Cells were transiently transfected with plasmid DNA (1 mg/mL final, Supplemental Experimental Procedures) using Lipofectamine 2000 (Invitrogen) 48 hr before subsequent cell treatment.
Cell Extracts and Western Blot, Immunofluorescence, and qRT-PCR These procedures, including lists of antibodies and primer pairs, are described in Supplemental Experimental Procedures.
Statistical Analysis p values for mean comparisons between two groups were calculated with a Student's t test, including Welch's correction when necessary, using R software. Multiple comparisons were performed by one-way ANOVA with Bonferroni post-test using GraphPad Prism. White arrowheads indicate the irradiated areas. The boxplots show quantifications of red fluorescence loss in irradiated areas at 15 min compared to before laser micro-irradiation (data from n cells scored in two independent experiments). Scale bars, 10 µm. (G) Top: Scheme of the assay for analyzing old H3.3-SNAP protein levels. Global UVC irradiation was carried out at 10 J/m 2 (corresponding to the dose received by the whole nucleus upon laser micro-irradiation) or at 150 J/m 2 (corresponding to 25% of the dose received at the site of laser micro-irradiation for which we expect about 10% reduction in parental histone density at UV sites). Analysis of total H3.3-SNAP levels by western-blot (left) and measurement of old H3.3-SNAP levels by in-gel reading of TMR fluorescence (right) do not reveal any significant decrease in H3.3-SNAP protein levels nor any protein clipping upon UVC irradiation. Different amounts of untreated cell extracts (UT) were loaded to assess that a 10% signal reduction was detectable as shown on the graph quantifying TMR fluorescence intensity associated with H3.3-SNAP bands. XPC ubiquitylation (Ub.) is used as a control for UVC irradiation. ns: non significant. concentration 1 h before irradiation. The neddylation inhibitor MLN4924 (Merck Millipore) was added to the culture medium at 2 µM final concentration 30 min before irradiation. Proteasome inhibition was performed by adding MG132 to the culture medium for 2 h at 37°C before the analysis (10 µM final concentration, Enzo Life Science). Treatment of cells with H 2 O 2 (1 mM final, VWR Chemicals) was for 10 min on ice. LacR-DDB2 release from the Lac operator was achieved by adding IPTG (isopropyl β-D-1-thiogalactopyranoside, 10 mM final concentration, Euromedex) to the culture medium in which the usual serum is replaced by Tetracycline-free fetal calf serum (Biowest). For long-term experiments on live cells, Hepes buffer was added to the culture medium (25 mM final concentration, Sigma-Aldrich).
siRNA sequences. All siRNAs were purchased from Eurofins MWG Operon. The final concentration of each siRNA in the culture medium was 50 nM. Cells were analyzed and/or harvested 72 h post-transfection. When performing over-night experiments with mixed cell populations treated with different siRNAs, one of the two cell populations was stained with Cell Tracker Deep Red (Life Technologies) following manufacturer's instructions.
Designation
Target sequence siALC1 5' UCUACUCCCUCCUCAGUUU SNAP labeling and photo-activation of histones Pre-existing SNAP-tagged histones were labeled by incubating cells with 2 M red-fluorescent SNAP reagent (SNAP-cell TMR star, New England Biolabs) or 4 M green-fluorescent SNAP reagent (SNAP-cell Oregon Green, New England Biolabs) for 20 min (pulse), followed by a 30 min-incubation in fresh medium. Cells were subject to laser micro-irradiation and imaging 48 h after the pulse. For specific labeling of newly-synthesized histones, pre-existing SNAP-tagged histones were first quenched by incubating cells with 10 M SNAP-cell Block (New England Biolabs) for 30 min followed by a 30 min-wash in fresh medium and a 2 h-chase. The SNAP-tagged histones neo-synthesized during the chase were then pulselabeled as described above. Cells were subject to local UVC irradiation immediately afterwards. Laser settings for photo-activation were: maximum power, 5 iterations, 6.30 sec/pixel scan speed. We photoactivated either total nuclei 48 h prior to local UVC irradiation or a nuclear region of 50 µm 2 8 to 10 h before local UVC irradiation to minimize the distortion of the photo-activated area due to cell movement and cell division.
UVC laser micro-irradiation
For laser-induction of UVC damage, cells were grown on quartz coverslips (SPI supplies) and irradiated for 50 ms unless stated otherwise using a 2 mW pulsed diode-pumped solid-state laser emitting at 266 nm (repetition rate up to 10 kHz, Rapp OptoElectronics, Hamburg GmbH) on a Zeiss LSM 700 confocal microscope adapted for UVC transmission with all-quartz optics. The laser was attenuated using a neutral density filter OD1 (10%T) and focused through a quartz 40x/0.6 Ultrafluar glycerol objective (Carl Zeiss) to yield a spot size of 2 µm in diameter, damaging ca. 2% of the nuclear volume. In these conditions, UVC laser damage did not cause major cytotoxicity as the mortality rate over a 14 h live cell imaging experiment after laser damage was only around 10% and damaged cells did repair and went through mitosis. The UVC dose delivered at the site of laser microirradiation was estimated at 600 J/m 2 -corresponding to ca. 1 UV lesion per nucleosome -by comparing the intensity of GFP-XPC recruitment upon local UVC irradiation in the same nucleus with the 266 nm laser and with a 254 nm lamp through a micropore filter (Millipore). The dose delivered by the UVC lamp was measured with a VLX-3W dosimeter (Vilbert-Lourmat).
Local UVC irradiation through micropore filters
Cells grown on glass coverslips (VWR) were covered with a polycarbonate filter (5 µm pore size, Millipore) and irradiated with 150 J/m 2 UVC (254 nm) using a low-pressure mercury lamp. Conditions were set using a VLX-3W dosimeter (Vilbert-Lourmat).
FRAP (Fluorescence Recovery After Photo-bleaching)
Bleaching of the red fluorescence was performed on a Zeiss LSM700 confocal microscope with a 10 mW 555 nm laser (laser settings: maximum power, 4 iterations, 1.58 sec/pixel scan speed). Bleaching of the green fluorescence was performed using a 10 mW 488 nm laser (laser settings: maximum power, 15 iterations, 6.30 sec/pixel scan speed). In both cases, the laser was focused through a LD LCI Plan-Apochromat 25x/0.8 multiimmersion objective, the bleached area was 10 µm 2 and bleaching conditions were set to reach a local loss of fluorescence similar to the loss of signal observed 15 min after UVC laser damage. For bleaching of the red fluorescence in the entire nucleus to leave a small fluorescent patch of 20-25 µm 2 , the laser settings were changed to 10 iterations and 12.61 sec/pixel scan speed.
Image acquisition and analysis
Live cell imaging of LacR-DDB2 dynamics was performed on a Zeiss LSM710 confocal microscope using a Plan-Apochromat 63x/1.4 oil objective. Live cell imaging coupled to local UVC irradiation was performed using a LD LCI Plan-Apochromat 25x/0.8 multi-immersion objective on a Zeiss LSM700 confocal microscope equipped with a UVC laser to inflict damage and adapted for UVC transmission with all quartz optics. Cells were kept at 37°C during acquisition using a microscope incubator system (PeCon). The fluorescence-based autofocus mode was activated in order to acquire images from the best focal plane. Image J software (U. S. National Institutes of Health, Bethesda, Maryland, USA, http://imagej.nih.gov/ij/) was used for image analysis. To correct for overall bleaching of the signal due to repetitive imaging, fluorescence intensities were normalized against intensities measured in an undamaged nucleus in the same field. The extent of fluorescence loss at irradiated sites was determined by dividing the fluorescence intensity in the illuminated area by the fluorescence intensity of the entire nucleus, after background subtraction. The illuminated area was defined at 10-15 min post irradiation, based on fluorescently-labeled XPC or based on fluorescence loss, and was kept the same for all time points. Fluorescence recovery in the illuminated region was calculated relative to before illumination and starting from the time point with minimum intensity. The areas of low parental histone density and of new histone incorporation were measured using the inbuilt Moments threshold (on inverted images for parental histone signal). The GFP-XPC and CPD areas (damaged chromatin) were measured using the inbuilt Yen threshold (set from 20 to 225 for CPD measurement). In this analysis, we verified that there was no significant difference in CPD signals (Integrated Density) between 0 and 15 min post UVC, which is expected given the long time scale of CPD repair. 2D projections of 3D images from z-stack acquisitions (Figure 2 and S2) were obtained by maximum intensity z-projection (note that comparable results were obtained when running image analyses on 3D acquisitions and on maximum intensity projections using Imaris software). On these projections, fluorescence intensity was measured in the micro-irradiated zone, in the entire nucleus and in concentric circular regions spaced by 1 pixel and centered on the laser micro-irradiation site using a custom Image J macro. In this analysis, we systematically verified that the largest circle was within the boundaries of the cell nucleus.
Cell extracts and western blot
Total extracts were obtained by scraping cells in Laemmli buffer (50 mM Tris HCl pH 6.8, 1.6% SDS (Sodium Dodecyl Sulfate), 8% glycerol, 4% β-mercaptoethanol, 0.0025% bromophenol blue) followed by 5 min denaturation at 95°C. For western blot analysis, extracts were run on 4%-20% Mini-PROTEAN TGX gels (BioRad) in running buffer (200 mM glycine, 25 mM Tris, 0.1% SDS) and transferred onto nitrocellulose membranes (Protran) with a Trans-Blot SD semidry transfer cell (Bio-Rad). Total proteins were revealed by reversible protein stain (Pierce). Proteins of interest were probed using the appropriate primary and HRP (Horse Radish Peroxidase)-conjugated secondary antibodies (Jackson Immunoresearch), detected using Super-Signal West Pico or Femto chemiluminescence substrates (Pierce).
Immunofluorescence
Cells grown on glass coverslips (VWR) were fixed directly with 2% paraformaldehyde and permeabilized with 0.2% Triton X-100 in PBS or pre-extracted before fixation with 0.5% Triton-X-100 in CSK buffer (Cytoskeletal buffer: 10 mM PIPES pH 7.0, 100 mM NaCl, 300 mM sucrose, 3 mM MgCl 2 ) for 5 min. Methanol fixation was used for PCNA staining. For CPD staining, DNA was denatured with 0.5 M NaOH for 5 min. Samples were blocked in 5% BSA (Bovine Serum Albumin, Sigma-Aldrich) in PBS supplemented with 0.1% Tween before incubation with primary antibodies and secondary antibodies conjugated to Alexa-Fluor dyes (Invitrogen). Coverslips were mounted in Vectashield medium with DAPI (Vector laboratories).
